
 
 
 
 
 
 
 
D-Mode: Do-it-yourself (DIY) 
Protocol for small numbers of samples 
 
 
 
D-Mode DNA (Do-It-Yourself) Sequencing  
 
Format: Microfuge tubes  
 
Location:  OHSU Core Facility-MMI, Richard Jones Hall Room 6550 
 
URL:   http://www.ohsu.edu/xd/research/research-cores/dna-analysis/
Lab Phone: 503-494-2472  
Office Phone: 503-494-2442  
 
 
 
 
 
 
 
 
 
 




ATTENTION: 
 We are aware that not all labs are equipped with a Centrifuge and Speed-Vac containing the necessary rotor arms.  We recommend searching for an available one near your lab first, but for those clients that are unable to locate one we have set aside some lab space for you to use.  You must bring your own gloves, pipettes, tips, solutions, etc., since we do not charge for this.  You must also call or email ahead of time to set up an appointment.  We will try to be as flexible as possible to accommodate you; therefore we ask that you limit your time in the lab so others can also use the space.   
	Samples are placed in the queue on a first in first out basis (FIFO), so take the time to plan ahead! 



Recommended DNA Template Quantity 
 
NOTE:  Before beginning ensure that the template is free from all other DNA, protein, RNA, salt and ethanol contaminants. 
 
	Double stranded Plasmids & BACs

	Size of Plasmid (kb)
	Amount (ng)
	Primer (pmol)
	Total Volume

	L<12 kb
	300 ng
	3.2 pmol
	10 µL

	L = 12 to 30 kb
	ln(L)/6
e.g. if L=15 kb
ln(15) /6 = 451 ng
	10 pmol
	10 µL


	L> 30 kb **

	ln(L)/4
e.g. if L= 33 kb
ln(15)/4 = 874 ng
	100 pmol
	10 µL


	BACs, Cosmids, etc. **
	1 µg
	100 pmol
	10 µL


**  Difficult, your mileage may vary. 
 
 
	PCR Products

	Size in base-pairs
	Amount (ng)
	Primer (pmol)
	Total Volume

	100-200
	10 ng
	3.2 pmol
	10 µL

	200-300
	15 ng
	3.2 pmol
	10 µL

	300-400
	20 ng
	3.2 pmol
	10 µL

	400-500
	25 ng
	3.2 pmol
	10 µL

	>500
	0.05*product _size (in bp) = X ng
	3.2 pmol
	10 µL



  
This D.I.Y protocol uses the following materials: 
Lab Equipment- 
Thermocycler  
Centrifuge 
 
Reagents and Consumables-  
ddH20 water (aka “milliQ water”) 
DNA Template 
Primers  
BigDye v3.1 (note: you must use v3.1 to get accurate base calling on our 3130XL sequencer) 
5X Buffer (contact the lab for vendor/product specifics) 
 
Purification Supplies are listed separately in Appendix A 


Microfuge Tube Preparation* 
 * This protocol can be used for irregular number of sample submissions. See the plate protocol for high-throughput needs. 

STEP 1:  Record Names  
Record the Sample names. Make sure they correspond to submission tubes. 
Sample names should only be 10 digits in length. Please, only use “normal characters [a-zA-Z1- 9_-] in your names.  
 
STEP 2:  Add template/primer/water samples to tubes  
NOTE:  Before beginning, ensure that the template is free from all other DNA, protein, RNA, salt and ethanol contaminants. 
i) The amount of DNA required for the cycle sequencing reaction is based on the size of the DNA fragment. See recommended DNA template quantity table to determine the appropriate amount of template required. 
ii) Add X picomole of primer to Y ng of DNA template (X and Y in table above).   
iii) Add water sufficient to bring the volume to 10 µL 
(1) Note: The combined volume of template and primer cannot exceed 10 µl so please dilute the template accordingly. However, if the Template-Primer mix is less than 10 µl in volume, add Milli-Q water to bring them to volume. 
 
Template (X amount) + 3.2 pmol Primer + QS to 10 µl Milli-Q H2O = Total Volume 10uL  
 
Caution: If the template is GC-rich (>60%), proceed to the STEP 3-B for reaction mix preparation and thermal cycling conditions. 
If your template is not GC-rich proceed with STEP 3-A. 
 
STEP 3-A:  Reaction Mix and Cycling Methods (Plasmid/PCR) 
 ABI's recommended cycle sequencing reaction recipe (expensive):  
 Big Dye v3.1 – 4ul 
 Big Dye Sequencing Buffer (5x) – 2ul 
 Primer – 3.2 pmol 
 Template – see template quantity table 
 Water – q.s. to 20 µl 
 
MMI Core Facility recipe (cheaper): 
 We use a more dilute master mix of Big Dye v3.1 and 5x Big Dye Sequencing Buffer. 
We have been very successful with a 1:5 dilution (1 µl Big Dye + 5ul 5x Better Buffer) and currently use a 1:3 (1 µl Big Dye + 3ul 5x Better Buffer) ratio for all templates.  We suggest trying a few dilutions to see what is the most successful with the samples you have, budget you want to work with, and the read length and success ratio acceptable for your research.  
 
MMI Core Lab cycle sequencing reaction recipe: 
 Master Mix* add 3 µl to each well containing 
10 µl of [Template + Primer + water] 
(so final volume is 13 µL) 
 
*Big Dye and 5x Sequencing Buffer (Master Mix) can be pre-mixed and stored @ 2-8°C for up to 1 week.  
For example: to make a 1:3 master mix for 10 samples you could make a 12X master mix, adding a bit for pipetting variations: 
9 µL BigDye 
27 µL Sequencing Buffer 
Total = 36 µL 
Then add 3ul of Master Mix to each sample.  
 
Seal wells/tubes, vortex gently, and spin for ~1min.  
 
Place the reaction tray in a thermocycler using the program below… 
Rapid thermal ramp to 96°C 
Hold @96°C for 3 min 
Repeat for 35 cycles: 
96°C for 15 sec 
50°C for 10 sec 
60°C for 4 min 
Hold at 4°C indefinitely  
TOTAL Cycling time ~ 3.5 hours 
 
STEP 3-B: High GC Master Mix and Cycling Methods (GC-rich) 
For a plate of high GC template, create Master Mix using 2 µL Big Dye, 6 µL Better Buffer.  
 
Plus, you will need 1 µL Betaine and 1 µL DMSO per sample plus a small amount for pipetting variations. 
E.g. for 96 samples you could make a 98x master mix with 196 µL Big Dye, 588 µL Better 
Buffer.  Additionally you will need- 98 µL Betaine and 98 µL DMSO. 
 
Add 1 µl DMSO and 1uL Betaine to each reaction well. Heat denature for 5 minutes at 98 degrees. Pop spin, Rapid thermal ramp to 96°C, add to each well 8uL of the High GC Master Mix.  Cap tray, vortex gently, and pop spin. 
 
GC-rich Cycling Method: 
Place the reaction tray in a thermocycler using the program below… 
Rapid thermal ramp to 96°C 
Hold @96°C for 3 min 
Repeat for 35 cycles: 
96°C for 15 sec 
50°C for 10 sec 
60°C for 4 min 
Hold at 4°C indefinitely  
TOTAL Cycling time ~ 3.5 hours 
 
STEP 4:  Purify Products (see Appendix A) 
NOTE:  The purification of your extension product is very important.  If the unincorporated dye terminators are not thoroughly removed from the reaction, your reaction will be rendered unreadable due to overwhelming fluorescence.   
 
Method 1: Ethanol precipitation 
Method 2: Sephadex, gel exclusion chromatography 
 
STEP 5:  Dry Samples 
NOTE:  Samples can be dried using a speed-vac or air-dried. If you don’t have the proper accessories for speed-vac drying plates, you may schedule time on ours (note on cover page). 
Estimated drying time ~35-60 min with a speed-vac. Samples should be completely dry. 
 
STEP 6:  Bring Samples to Core 
Call or email the day before you want your samples put on the machine; we need to make sure we can get you in.  
For D mode submissions, allow 2 full days turnaround, since A, B and C-mode samples have higher priority. Bring sample plate in dried down format after submitting the on-line form from our website. 
 
Appendix A.    Extension Products Purification Methods* 
Method 1: Ethanol precipitation in eppendorf tube (Stedman lab @pdx.edu protocol) 
“It is very important that you adhere exactly to this precipitation procedure in order to get the best results.” (The Corelab has not used this protocol, since we work in the 96-well plate format. The Stedman lab at PSU uses it.) 
*Keep everything at room temperature once the alcohol has been added. 
*Keep out of strong light as much as possible or the fluorescent tags will fade. 
1. Add sequencing reaction to 40µl 75% isopropanol in a 1.5 ml eppendorf tube (50 µl total volume)  
2. Mix by pipetting up and down several times 
3. Hold at room temperature for 15-30 min (not longer) in a dark place 
4. Spin 30 min at room temperature 
5. Remove all liquid with a pipet *see note below* 
6. Wash with 60 µl 70% ethanol 
7. Spin 10 min 
8. Remove all liquid with a pipet  
9. Wash again with 70 µl 70% ethanol 
10. Spin 10 min 
11. Remove all liquid with a pipet and dry in the speed vac 
12. Store @ -20 until ready to load on the sequencer 
 
Please Read This Part!! Make sure all liquid is removed by setting pipet for a higher volume than what is in the tube, e.g., to remove 100 µl of liquid completely, set pipet for 120 µl and place the tip at the very bottom of the tube liquid is withdrawn. You won’t see a pellet but you should always know where it is by always placing the hinge of your tube up in the centrifuge and then your pellet will always be under the hinge. When you pipet, you can remove all of the liquid from the tube without disturbing the pellet by placing your pipet tip on the opposite side of the tube from the hinge. I’m overstressing this removing of liquid because that is where the unincorporated dideoxyNTPs are and if you don’t get them out, you will have big dye blobs covering otherwise good sequence. If you still see blobs even after rigorously following this procedure, the most likely explanation is that you have a lot more left over than normal because not enough were incorporated during the reaction. Therefore, try adding more template to your reaction or using a smaller reaction amount (e.g. quarter vs. half reaction) so more will get incorporated and less will be left over to get rid of by precipitation. 

 Supplies & equipment needed: 
100% EtOH 
125 mM EDTA  
Paper towels 
Refrigerated bench-top centrifuge w/ plate accessories 
[bookmark: _GoBack]Sealant tape/aluminum tape
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